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ABSTRACT Protein dynamics are likely to play important, regulatory roles in many aspects of photosynthetic electron transfer,
but a detailed description of these coupled protein conformational changes has been unavailable. In oxygenic photosynthesis,
photosystem I catalyzes the light-driven oxidation of plastocyanin or cytochrome c and the reduction of ferredoxin. A chlorophyll
(chl) a/a9 heterodimer, P700, is the secondary electron donor, and the two P700 chl, are designated PA and PB. We used specific
chl isotopic labeling and reaction-induced Fourier-transform infrared spectroscopy to assign chl keto vibrational bands to PA and
PB. In the cyanobacterium, Synechocystis sp. PCC 6803, the chl keto carbon was labeled from 13C-labeled glutamate, and the
chl keto oxygen was labeled from 18O2. These isotope-based assignments provide new information concerning the structure of
P1
A ; which is found to give rise to two chl keto vibrational bands, with frequencies at 1653 and 1687 cm�1. In contrast, PA gives

rise to one chl keto band at 1638 cm�1. The observation of two P1
A keto frequencies is consistent with a protein relaxation-

induced distribution in P1
A hydrogen bonding. These results suggest a light-induced conformational change in photosystem I,

which may regulate the oxidation of soluble electron donors and other electron-transfer reactions. This study provides unique
information concerning the role of protein dynamics in oxygenic photosynthesis.

INTRODUCTION

In oxygenic photosynthesis, photosystem I (PSI) is a multi-

subunit, membrane-protein complex, which carries out the

light-induced reduction of ferredoxin and the oxidation of

plastocyanin or cytochrome c (1). These redox events are

initiated by light-induced electron transfer, leading to the

oxidation of a chlorophyll (chl) dimer, P700, and the reduction

of an iron-sulfur cluster, FB (2,3). Other electron-transfer

cofactors include the primary chl donor (eC-2 or eC-3), two

A0 chl and two A1 phylloquinone electron acceptors, and two

additional iron-sulfur clusters, FX and FA. The PSI reaction

center contains two large intrinsic polypeptides, PsaA and

PsaB (3). The 2.5-Å crystal structure reveals a pseudo-C2

symmetric arrangement of the accessory chl molecules and of

the two A0 and the two A1 electron acceptors. These two

branches of electron-transfer cofactors are referred to as the

PsaA and PsaB branches (3). Studies suggest that both

branches carry out light-induced electron transfer (4,5).

Recent studies suggest that charge separation begins on an

accessory chl monomer (either eC-2 or eC-3) that donates its

electron to an A0 acceptor (6). This primary donor is reduced

by P700, a chl a/a9 heterodimer, which is the terminal electron

donor in the PSI reaction center (7). The heterodimer P700 is

present in the dark, and P1700 is produced under illumination.

The heterodimer P700 consists of a chl amolecule, designated

PB, and a chl a9molecule, designated PA. Although the x-ray

structure supports the interpretation that PA has hydrogen-

bonding interactions with its protein environment, PB does

not appear to be hydrogen-bonded (3,8).

The soluble copper-containing protein, plastocyanin, acts

as the electron donor to P1700 in plants, algae, and cyanobac-

teria. Under copper-limiting conditions, cytochrome c can

replace plastocyanin as the electron donor in cyanobacteria

(9). In plants and algae, plastocyanin docks with the luminal

side of PSI to form an interaction complex, in which electron

transfer from the reduced copper to P1700 occurs on the mi-

crosecond timescale (10,11). In cyanobacteria, the cyto-

chrome, but not plastocyanin, was proposed to form an

electron-transfer complex in vivo (12). In both cyanobacteria

and algae, mutations in a hydrophobic region near P1700;
which contains luminal PsaA and PsaB helices and a con-

served tryptophan dimer, disrupt electron transfer (13–15). It

was proposed that conformational rearrangements may reg-

ulate electron transfer in the interaction complex (10,16);

however, see Drepper et al. for another view (17).

Previously, site-directed mutagenesis and various spec-

troscopic techniques were used to study the interaction of

the cation radical, P1700; with its protein environment (2,

7,8,18,19). Electron paramagnetic resonance spectroscopy

studies concluded that the unpaired spin is localized mainly

on PB, whereas Fourier-transform infrared spectroscopy (FT-

IR) studies concluded that the spin-density is evenly dis-

tributed over the dimer (20,21). This discrepancy may be

related to unsolved questions concerning the assignment of

FT-IR vibrational bands, as described below.

Recent experimental (22) and previous theoretical (23–25)

studies have underscored the role of protein dynamics in the

control of primary electron transfer in the bacterial reaction

center. In the chl-containing reaction center, photosystem II,

an influence of protein dynamics on the photosynthetic
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water-splitting cycle was also suggested by vibrational

spectroscopic experiments on different timescales (26–28).

In PSI, conformational dynamics have the potential to reg-

ulate the bidirectionality of electron transfer in the reaction

center, as well as the mechanism of plastocyanin/cytochrome

c oxidation. The effect of light-induced dynamics on P700 and

P1700 can be detected in real time using vibrational spectro-

scopic techniques, such as FT-IR spectroscopy. Previously,

evidence for structural heterogeneity in P700=P
1
700 was ob-

tained by methyl ester-labeling of chl (29).

The light-minus-dark, P1700-minus-P700; FT-IR spectrum is

dominated by keto vibrational bands from chl and chl1,

which, in model compounds, are upshifted in frequency by

oxidation (20,30,31). Keto vibrational frequencies are ex-

pected to reflect changes in polarity, hydrogen bonding, and

electrostatics (32). Previously, keto vibrational bands were

assigned to PA, P1A ; PB, and P1B in the P1700-minus-P700
spectrum. The observation of four keto vibrational bands was

attributed to the oxidation-induced change in the force con-

stant, as well as differences in hydrogen-bonding interactions

between the two halves of the dimer, PA and PB (20,31,33–

35). However, there is also controversy over the assignment

of the keto FT-IR bands of P700 and P1700 (20,31), and the

spectrum still contains unassigned bands. Therefore, the de-

velopment of specific methods to isotopically label chl, with

minimal interference from protein labeling, is of particular

importance.

We describemethods to 13C-label and 18O-label the chl keto

position (Fig. 1) through manipulation of the cyanobacterial

chl biosynthetic pathway (36,37). These isotopically labeled

samples were used to assign the 131-keto stretching bands of

the P1700-minus-P700 FT-IR spectrum. These data reveal un-

expected cofactor-protein relaxation events, which accom-

pany light-induced electron transfer in PSI.

MATERIALS AND METHODS

For 13C chl labeling, glutamate-tolerant Synechocystis PCC 6803 cultures

were grown on solid media containing BG-11 (57), 250 mML-glutamic acid

buffered with 1 mM TES-NaOH, pH 8.0, 5 mM TES-NaOH, pH 8.0, and

6 mMNa2S2O3 (39). Liquid cultures (400 mL) were grown in BG-11, 5 mM

TES-NaOH, pH 8.0, and 5 mg/mL kanamycin, and were bubbled with sterile

air. Cultures were supplemented with 1 mM L-glutamic acid or L-glutamic-

3-13C acid (99% enrichment, Isotec, Miamisburg, OH), which were buffered

with 1 mM TES-NaOH, pH 8.0. Cultures were harvested at an OD730

(optical density) nm of 1.1–1.4.

For 18O chl labeling, Synechocystis PCC 6803 cultures were grown on

solid media containing BG-11, 5 mM TES-NaOH, pH 8.0, 6 mM Na2S2O3,

and 5 mM glucose. Liquid cultures were grown as described above, except

that cultures were continuously shaken on a cell-culture agitator (New

Brunswick Scientific, Edison, NJ). Carbon dioxide was bubbled into the cell

cultures at a rate of 1 mL/min for 5 min daily. Immediately afterward, 16O2 or
18O2 (99% enrichment, Isotec) was bubbled into the cell cultures at a rate of

1 mL/min for 5 min. Cultures were grown for a total of 10 days. The OD730

for the cultures ranged from 1.0–1.1.

Trimeric PSI was purified, and FT-IR spectroscopy was performed as

previously described (29,40–43), and as outlined in the Supplementary

Material (Data S1). Evaluation of signal-to-noise in the FT-IR experiment

was performed as described in the Supplementary Material (Data S1).

RESULTS

To label the oxygen of the 131 chl keto group, Synechocystis
sp. PCC 6803 cyanobacterial cultures were grown in the

presence of 18O2. The formation of the chl a isocyclic ring is
an aerobic process, in which the 131 oxo group (Fig. 1) is

derived from molecular oxygen, using an oxygenase (44–

48). The amount of 18O labeling was measured by mass

spectrometry, and was found to be 15%6 6% (Fig. 2 A, and
the Supplementary Material, Data S1). The keto position of

chl (Fig. 1) constitutes the only group that is labeled by this

protocol (44–47).

Reaction-induced FT-IR spectra were acquired from con-

trol and 18O-labeled PSI samples (Fig. S1 in the Supplemen-

tary Material, Data S1). The difference spectra, constructed

by the subtraction of data recorded under illumination and in

the dark, are attributable to P1700F
�
B -minus-P700FB (20,43).

The region of the isotope-edited spectrum presented in Fig.

3 A exhibits keto-stretching contributions from P700 (negative)

and P1700 (positive) (18,20,30,31). Spectral changes associated

with the labeling of chl keto oxygen can be identified by an

interactive subtraction of control and 18O-labeled data. This

interactive subtraction minimizes any small contributions

from the chl ester 1754(1)/1749(�) cm�1 bands (29). Small

differences in amplitude in this region can arise from minor

alterations in the amount of stable charge separation (Fig. S1

in the Supplementary Material, Data S1). The resulting iso-

tope-edited spectrum (Fig. 3 A) will have contributions only

FIGURE 1 Structure of chlorophyll a displays the eight carbons (aster-

isks) that will be isotopically labeled from glutamic-13C-3 acid. The keto

group of chl is boxed. The keto oxygen (asterisk) will be isotopically labeled
from 18O2.
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from vibrational bands perturbed by P700 oxidation, and by

the incorporation of the 18O isotope at the keto position. In

the isotope-edited spectrum, natural-abundance P700 bands

are negative, and natural-abundance P1700 bands are positive.

The isotope-shifted components for each vibrational band

have the opposite sign. Observed spectral features in Fig. 3 A
are significant compared with the noise, which is estimated

from a control-minus-control spectrum (Fig. 3 A, dotted line).
To interpret the 18O isotope-edited spectrum, the incor-

poration of 13C at the 131 carbon (Fig. 1) is advantageous,

because 131/13C labeling will also shift spectral bands as-

signable to the keto-stretching vibration. In cyanobacterial

chl biosynthesis, aminolevulinic acid, the first universal tet-

rapyrrole precursor, is formed from glutamate, which is ac-

tivated by ligation to a tRNA molecule (49–53). In our

experiments, carbon-labeling at the chl 131 position was

accomplished by the growth of a glutamate-tolerant strain of

Synechocystis sp. PCC 6803 in the presence of 1 mM glu-

tamate, which was 13C-labeled at the third carbon (Table S1

in the Supplementary Material, Data S1). Uptake of this

isotope is expected to label the 131 carbon of chl (Fig. 1) and

seven other chl carbons (Fig. 1) (36). The vibrational bands,

which are altered by labeling at nonketo positions, are ex-

pected to be distinct in frequency from the keto vibrational

bands (54). Furthermore, only a keto vibrational band will be

shifted by both 18O and 131/13C labeling, and CO vibrational

bands will be in common between the two types of isotope-

edited spectra. Gas chromatography-mass spectral analysis of

hydrolyzed PSI demonstrated that there was little scrambling

of the 13C glutamate label into other amino acids (Table S2 in

the Supplementary Material, Data S1 (55)). Mass spectrom-

FIGURE 2 Matrix-assisted laser desorption ionization (MALDI) mass

spectrometry shows incorporation of 18O and 13C into cyanobacterial chl.

(A) Cyanobacteria were cultured in the presence of 16O2 (open columns) or
18O2 (solid columns). (B) Cyanobacteria were cultured in the presence of

natural-abundance glutamic acid (open columns) or L-glutamic-3-13C-acid

(solid columns). The normalized 871.5m/z peak corresponds to the [M1H]

ion of pheophytin, which was generated by acid treatment of the chl sample

immediately before the measurement. See the Supplementary Material (Data

S1) and Materials and Methods for additional information.

FIGURE 3 Isotope-edited FT-IR spectra show effects of 18O and 13C chl

labeling on P1700=P700 keto vibrational bands. (A) 16O-minus-18O spectrum.

(B) 12C-minus-13C spectrum. In A and B, control difference spectra, in which

no vibrational bands are expected, are also presented as dotted lines. Natural-

abundance bands assigned to PB and P1B are shaded with vertical lines.

Natural-abundance bands assigned to PA and P1A are shaded with horizontal

lines. The natural-abundance band (solid) and its corresponding isotope-

shifted component (open) are labeled with the same color. (A) Sixty-nine
spectra were averaged. (B) Sixty-four spectra were averaged. In A and B, the

sample size was 64 mg chl. Each tick mark represents 5 3 10�4 absorbance

units. See the Supplementary Material (Data S1) and Materials and Methods

for additional information.
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etry (Fig. 2 B, and Table S1, Data S1) revealed that singly,

doubly, and triply 13C-labeled chl isotopomers were gener-

ated at a significant yield (78%). For example, the yield of the
11,12, and13 13C isotopomers was determined to be 43%6
8%, 27%6 7%, and 8%6 5%, respectively. Only 2%6 4%

of the 14 isotopomer was detected (Table S2, Data S1).

Using these measured values, the total probability of labeling

at the keto carbon position can be estimated as 16% (Table S1,

Data S1). The NMR spectroscopy of purified, extracted
13C-labeled chl in organic solvents (56) confirmed the in-

corporation of label into the keto position (data not shown).

Reaction-induced FT-IR spectra were acquired from these
13C-labeled PSI samples. The solid line in Fig. 3 B is the
13C isotope-edited spectrum, which exhibits significant fea-

tures relative to the noise (Fig. 3 B, dotted line), and was

produced from an interactive subtraction (Supplementary

Material, Data S1). In Fig. 3, related natural-abundance and

isotopomer keto bands, which are expected to be of opposite

signs, are labeled with the same color code. Bands assigned

to natural-abundance PB and P1B are indicated by vertical

lines, and bands assigned to natural abundance PA and P1A are

indicated by horizontal lines (Fig. 3). The assignment of

bands in the 18O and 13C isotope-edited spectra is summa-

rized in Table 1.

Bands at (1) 1718 and (�) 1698 cm�1 are observed in Fig.

3, A and B, consistent with assignment to a chl keto vibra-

tional band, which is upshifted by light-induced electron

transfer. Based on the signs, the positive 1718 cm�1 band

would be assignable to P1700; and the negative 1698 cm�1

band would be assignable to P700. For these bands, an iso-

lated, CO harmonic-oscillator approximation predicts fre-

quency downshifts of ;40 cm�1 with either 13C or 18O

labeling. The isotope-shifted components for the (1) 1718

cm�1 band are observed at (�) 1681 cm�1 in the 18O-labeled

samples (Fig. 3 A, red labels) and (�) 1679 cm�1 in the
13C-labeled samples (Fig. 3 B, red labels), respectively. The
isotope-shifted components for the (�) 1698 cm�1 band are

observed at (1) 1666 cm�1 in the 18O-labeled (Fig. 3 A, blue
labels) and (1) 1663 cm�1 in the 13C-labeled (Fig. 3 B, blue
labels) samples, respectively. Therefore, the derived 13C and
18O isotope shifts for the 1718 cm�1 and 1698 cm�1 bands

are 37–39 cm�1 and 32–35 cm�1 (Fig. 3), respectively, in

reasonable agreement with the harmonic-oscillator predic-

tions for an isolated CO vibrational mode. In previous stud-

ies, spectral features at (1) 1717 cm�1 and (�) 1698 cm�1

were assigned to the nonhydrogen-bonded keto band of P1B
and PB, respectively (20,31), and our isotope-based assign-

ments are in agreement with those previous findings.

Bands at (1) 1653 and (�) 1638 cm�1 are observed in Fig.

3, A and B, consistent with assignment to a chl keto vibra-

tional band that is perturbed by light-induced electron

transfer. Based on the signs, the positive 1653 cm�1 band

would be assignable to P1700; and the negative 1638 cm�1

band would be assignable to P700. For these bands, the har-

monic-oscillator approximation predicts frequency down-

shifts of ;40 cm�1. The isotope-shifted components for the

(1) 1653 cm�1 band are observed at (�) 1608 cm�1 (Fig.

3, A and B, black labels). The isotope-shifted components for

the (�) 1638 cm�1 band are observed at (1) 1602 cm�1 (Fig.

3 A, orange labels) and (1) 1593 cm�1 (Fig. 3 B, orange
labels). Therefore, the derived 13C and 18O isotope shifts for

the (1) 1653 cm�1 and (�) 1638 cm�1 bands are 45 cm�1

and 36–45 cm�1, respectively, in reasonable agreement with

harmonic-oscillator predictions. In previous studies, spectral

features at (1) 1653/4 and (�) 1638 cm�1 were assigned to

hydrogen-bonded keto bands of P1A and PA, respectively

(20,31), and our isotope-labeling work is consistent with

those assignments.

Based on model compounds (30), PA, P
1
A ; PB, and P1B

would be expected to give rise to one chl keto vibrational

band each. Four keto bands with distinct frequencies are

assigned in Table 1, based on the arguments described above.

However, in each of the isotope-edited spectra presented in

Fig. 3, A and B, there is still an unassigned positive band at

1687 cm�1, and an unassigned negative band at 1644/3 cm�1

(green labels). If the 1687 cm�1 band arises from a chl keto

vibration, harmonic-oscillator treatment predicts a frequency

of 1645 cm�1 and 1648 cm�1 for the 18O and 13C isotopically

labeled vibrational band, respectively. This comparison

supports the interpretation that the positive 1687 cm�1 band

is a keto vibrational band of P1700; and that the 1644/3 cm�1

band is its isotope-shifted component. Therefore, we assign

the 1687 cm�1 spectral feature to a second keto vibrational

band of P1B or P1A : Based on previous site-directed muta-

genesis work, we favor the assignment of this band to P1A (see

Discussion). The observation of two bands for P1
A ; one at

1687 cm�1 and the other at 1653 cm�1, and of one band for

PA at 1638 cm
�1, suggests that light-induced electron transfer

leads to a structural change in the PSI reaction center. This

structural change results in at least two distinct protein en-

vironments for the PA half of the P700 dimer.

DISCUSSION

We incorporated 13C and 18O isotopic labels specifically into

the chl 131 keto group. Cyanobacterial cultures were used,

and 13C glutamate and 18O2 constituted the source of the two

labels. The amount of labeling at the keto position was found

TABLE 1 Chlorophyll keto assignments for PA and PB

in photosystem I

Natural abundance* 18O keto-labeled* 13C keto-labeled* Assignment

1718 1681 1679 P1B
1698 1666 1663 PB
1687 1643 1644 P1A
1653 1608 1608 P1A
1638 1602 1593 PA

*Frequencies are in wave numbers (cm�1).
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to be 15–16%, which is sufficient for detection using FT-IR

spectroscopy. In addition, chl labeling occurred with minimal

scrambling into amino-acid biosynthetic pathways.

Fig. 4 A shows the amino acids within 4 Å of the 131 keto

group of PA and PB (3). Ring V of PA is not planar with the

rest of molecule, and the 131 keto group of PA is predicted to

participate in a hydrogen bond with a conserved threonine

residue, Thr-743 (Synechococcus elongatus numbering).

There are no analogous hydrogen bonds predicted on the PB
half of the P700 dimer (Fig. 4 A). Therefore, the keto vibra-

tional bands of PA=P
1
A should be distinguishable from PB=P

1
B

bands. Previous assignments of 131 keto stretching vibrations

of PB, PA, P
1
B ; and P1A were based on mutagenesis studies,

global 2H incorporation, global 15N incorporation, and

comparisons to model compounds (20,30,31). These ap-

proaches led to some discrepancies in the interpretation of the

PSI difference spectrum. Specific isotopic labeling, as per-

formed here, has clarified the assignments. Four of our iso-

tope-based PB, P
1
B ; PA, and P1A assignments are consistent

with previous findings (Table 1). However, we have identi-

fied an additional positive band at 1687 cm�1, which is a chl

keto vibration, based on its 13C and 18O isotope-induced

downshifts. The sign of this band indicates that it arises from

P1B or P1A : This positive band was observed previously in

wild-type PSI (20,30), and was either unassigned or assigned

to a P1A keto vibration, which was rationalized to downshift

from 1695 cm�1 with oxidation (31). However, model

compound studies predict an oxidation-induced upshift

(20,30).

We favor the assignment of the 1687 cm�1 spectral band to

the chl keto vibrational band of P1A ;which upshifts from 1638

cm�1 with light-induced oxidation. This interpretation is

consistent with previous site-directed mutagenesis studies. In

that previous work, mutations at the conserved threonine

were used to disrupt the hydrogen-bonding network of PA,

and an increase in the amplitude of a positive 1687 cm�1

band was observed (33–35). This increase in amplitude was

attributed to an increased population of a more weakly hy-

drogen-bonded P1A in the mutant (33). However, there was no

significant change in amplitude of the 1687 cm�1 band when

mutations were used to introduce hydrogen bonds to PB (57).

Based on these previous investigations, we suggest that the

1687-cm�1 band arises from a state in which the P1A hydro-

gen-bond to Thr is weakened by a light-induced protein

structural change. In this interpretation, there are two popu-

lations of P1A ; which are generated under illumination: a

strongly hydrogen-bonded version, which contributes to the

1653 cm�1 band, and a less strongly hydrogen-bonded ver-

sion, which contributes to the difference spectrum at 1687

cm�1. Our observation of only one PA chl keto band, at 1638

cm�1, demonstrates that the conformational change is light-

induced. Thus, our findings suggest a light-induced protein

relaxation event that weakens the hydrogen bond between PA
and Thr, most likely by a change in distance or angle between

the 131 keto group of PA and the Thr side chain. To explain

our observation of the 1653 cm�1 band, this change in hy-

drogen-bonding must occur in only a subset of PSI reaction

centers.

FIGURE 4 (A) Protein environment of PA and PB in P700. The hydrogen-bonding network of PA with Thr-743, H2O, and Tyr-603 is represented by dashes.

(B) Luminal helices of PsaB and PsaA near P700. This visualization is reproduced from the 2.5-Å crystal structure of PSI from S. elongatus (Protein Data Bank
file accession number 1JB0 (3)), using the Swiss-PDB viewer (version 3.7; www.expasy.ch/spdbc), with numbering according to S. elongatus, and rendered

using POV-Ray (version 3.5; www.povray.org).
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In our experiments, PSI vibrational spectra were recorded

under continuous, low-intensity, red-filtered illumination.

The data-acquisition time was 4 min. In PSI, forward electron

transfer from the primary donor to the terminal electron ac-

ceptor, FB, occurs with a time constant of ;500 ns, and

P1700F
�
B recombination events occur on a timescale of tens of

milliseconds (2). Therefore, our experiment is expected to

generate a photosteady state. In this photosteady state, pro-

tein-relaxation events, which are coupled to the initial charge

separation, will have the opportunity to accumulate under

illumination, and to influence the spectrum of P1700:
In our previous chl ester-labeling experiments, P1700=P700

(29) was demonstrated to have more than four ester fre-

quencies. Multiple, distributed ester frequencies are likely to

be caused by the protein structural changes under discussion

here. It was suggested that these multiple ester frequencies

could reflect a distribution in keto-enol tautomerization. Such

a structural change is expected to be coupled with alterations

in hydrogen-bonding, which will also alter the double-bond

character in the isocyclic ring of PA (29). Comparison with

this previous study suggests that both keto and ester vibra-

tional bands can be used as reporters for light-induced pro-

tein-relaxation events in PSI.

In PSI, two rates are observed for oxidation of A�
1 by FX,

which were attributed to oxidation of the A�
1A and A�

1B spe-

cies (4,5). The rates of the two processes are;200 ns and 20

ns, although the relative amplitudes of the two kinetic phases

differ in different organisms (2,58,59). In the bacterial reac-

tion center, however, electron transfer to the intermediate

acceptor, bacteriopheophytin, is unidirectional in wild-type

preparations (60,61). Our observation of a PA side structural

change raises the question of whether this protein-relaxation

event alters the rates and amplitudes of the A and B side

electron transfer. Based on mutation studies, the midpoint

potential of P700 was previously found to decrease by 30–60

mV when a nonhydrogen-bonding substitution was made at

the conserved Thr residue (33,34). Although the disruption of

the hydrogen bond to PA did not alter the rates or relative

amplitudes of A�
1B and A�

1A oxidation by FX (34), the Thr

mutations induced a shift of spin-density from PB toward PA
(33). This result suggests that changes in the strength of the

P1A hydrogen bond can alter electronic coupling in the P700
dimer, and thus influence the electron-transfer rate from

soluble electron carriers to P1700:
Changes in P1A hydrogen-bond strength may also influence

cytochrome/plastocyanin oxidation through structural changes

in the protein backbone. Fig. 4 B shows the luminal PsaA and

PsaB helices in close proximity to P700. This region of PSI

was demonstrated to be important in the facilitation of elec-

tron transfer from plastocyanin and cytochrome c to P1700
(2,13–15). As suggested in Fig. 4, changes in the angle or

distance of the Thr-P1A hydrogen bond are likely to influence

the orientation and conformation of these luminal PsaA and

PsaB helices. In the cyanobacterium Synechocystis, such a

change in orientation may alter the rate or mechanism of

cytochrome c oxidation in vivo (12). For example, it was

proposed that a rate-limiting conformation change may occur

to regulate oxidation (10,16). A redox-linked conformational

change may also regulate the binding affinity of the oxidized

and reduced forms of soluble electron carriers (17).

In photosynthetic reaction centers, the protein environment

is an inhomogeneous matrix that relaxes after charge separa-

tion on many timescales. A complete understanding of pho-

tosynthetic electron transfer necessitates a description of these

coupled protein conformational changes. To our knowledge,

this study provides a new, detailed description of a protein-

relaxation event that is coupled to light-induced electron

transfer in PSI. We propose that this light-induced change in

P1A hydrogen bonding regulates PSI electron transfer reactions.

SUPPLEMENTARY MATERIAL

To view all of the supplemental files associated with this

article, visit www.biophysj.org.
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